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ABSTRACT

Freshwater mussels are important for nutrient cycling and ecosystem health, as they filter
feed on their surrounding water column. This form of feeding makes these bivalves especially
sensitive to conditions in their environment. Gut microbial communities (microbiomes) have
been recognized as important to both host organism and ecosystem health; however, how
microbiomes are organized and influenced is still unclear. In this study, the gut microbiomes of
58 individuals of the freshwater mussel Amblema plicata were compared across two river basins,
five rivers, and nine sites in the southeastern USA. Planctomycetes, Firmicutes, and
Cyanobacteria were the most common phyla within all mussels. However, the relative
abundances of these major bacterial phyla were different in gut microbiomes of A. plicata taken
from different rivers and river basins. The relative abundance of major bacterial operational
taxonomic units (OTUs) also differed in mussels collected from different sites, rivers, and river
basins Despite these differences, a core microbiome was identified across all mussels, with eight
OTUs being consistent members of the A. plicata microbiome at all sites, the most abundant
OTU identifying as a member of Planctomycetaceae. Distance between sites was not correlated
to similarity in the gut microbiome, which was more related to site physicochemistry. These
results suggest that while physicochemical conditions affect the composition of transient bacteria
in the mussel gut microbiome, the core microbiome is largely unaffected, and a portion of the A.
plicata microbiome is retained regardless of the river system.
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I. INTRODUCTION

Microbial communities (microbiomes) are becoming increasingly recognized as being
important to host organism and ecosystem health (Zilber-Rosenberg, et al., 2008, Stulberg, et al.,
2016, Cullen, et al., 2020). However, how microbiomes are organized and influenced is still
unclear. This is especially so for the gut microbiomes of freshwater invertebrates, for which there
are limited studies compared to other organisms. Of particular interest, are freshwater mussels,
which are important for nutrient cycling and ecosystem heath, but little is known about their
associated microbiome. As filter-feeders, mussels play essential roles in the ecosystem
(Atkinson, et al., 2013, Atkinson, et al., 2018), and their filter-feeding could make their gut
microbiome especially sensitive to their environment. However, much of our knowledge of the
microbiomes of bivalves comes from marine organisms, especially the oysters Crassostrea
virginica (Eastern Oyster; e.g. King et al., 2012, Chauhan et al., 2014, Thomas et al., 2014,
Pierce et al., 2016) and Crassostrea gigas (Pacific Oyster; e.g. Cao, et al., 2009, Lokmer, et al.,
2016, King, et al., 2019). Exceptions are a few recent studies that indicate that both host species
and environmental conditions can influence the freshwater mussel gut microbiome (Aceves, et
al., 2018, Weingarten, et al., 2019, McCauley, et al., 2021).
Microbial communities found in aquatic animal hosts can be distinct from bacteria found
in their surrounding ecosystems (Sullam, et al., 2012, Schmidt, et al., 2015, Parris, et al., 2016).
1

Gut microbes can be either transient organisms or core microbes (those that are stable and
consistently present within the host), both of which could vary with the physicochemistry of the
surrounding environment. Core gut microbiomes have been identified across a variety of taxa
within bivalves, including marine oysters and some freshwater mussels (King, et al. 2012,
Aceves, et al., 2018, Weingarten, et al. 2019). Still, little is known about biogeographic patterns
in bivalve gut microbiome composition and to what extent and how the physicochemical
environment structures gut microbiome diversity and composition. Although previous studies
have shown spatial, temporal and tissue specific trends in microbiome composition for a variety
of hosts, only recently have these studies expanded to bivalves (Lokmer, et al., 2016). However,
these studies have largely focused on defining the core microbiome and differentiating the
microbiomes of closely related species.
Freshwater mussels present a distinct opportunity to study the mechanisms that drive
microbiome retention, as they form dense aggregations throughout rivers and filter the
surrounding water column (Vaughn, et al., 2001, Graf, et al., 2007). Therefore, encounter rates of
mussels with both free-living and particle-associated microbial populations are likely to be high
and potentially result in a strong influence of the surrounding environment on the freshwater
mussel gut microbiome. Given that the reproductive strategies of freshwater mussels result in
substantial larval dispersion (Gilg, et al., 2003), it is likely that horizontal acquisition of bacteria
from the environment rather than vertical transmission from parent to offspring is the driving
mechanism of gut microbiome recruitment. Selective filtering of microorganisms from the water
column or sediment has been found to be the main source of the gut microbiome for other filter
feeders such as C. gigas (King, et al., 2012). Microorganisms in the water column are likely to be
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influenced by the physicochemical characteristics of rivers, which in turn would
influence the selection and retention of specific taxa within the mussel gut.
Abiotic (temperature, seasonal changes) and biotic (infection, temperature stress
responses) factors have been found to influence hemolymph microbiota in C. gigas (Lokmer,
2015) and gut microbiome composition and alpha diversity in this species was also influenced by
local environmental conditions (Lokmer, et al., 2016). Temperature has also been found to be
strongly correlated to gut microbiome composition of oysters (Lokmer, et al., 2015, Pierce, et al.,
2016). There has been limited work on how environmental factors influence the gut microbiome
of freshwater bivalves, and site physicochemistry explained just 7.9% of the variation in the
composition of the gut microbiome of four Unionid mussel species (Weingarten, et al, 2019).
That same study found that host species also influenced the composition of the gut microbiome,
at least for four co-occurring mussel species within a single mussel subfamily collected from one
river (Weingarten, et al, 2019).
Gut microbiomes of filter-feeding bivalves have been found to be distinct from bacterial
communities on particles in the surrounding water column (Thomas, et al., 2014, Weingarten, et
al., 2019). This suggests that the gut bacterial communities of such organisms are not just
acquired passively through ingestion, although these bivalves could be selectively retaining
certain bacteria from ingested particles. While host species identity has an influence on the gut
microbiome composition of freshwater mussels (Weingarten, et al., 2019, McCauley, et al.,
2021), individuals of the same species collected from different locations on the same river do
show differences in their microbiome (Weingarten, et al., 2019). Thus, there is likely an
environmental influence on mussel gut microbiome composition, potentially a result of nutrient
concentrations, community density, temperature, or pH. In the previous study, nitrate,
3

ammonium, and phosphate concentrations were all correlated with mussel gut microbiome
composition (Weingarten, et al., 2019). While these factors have been addressed at local scales
within a single river, there have been no studies that examined environmental influences on the
freshwater mussel gut microbiome over broader scales, or how the gut microbiome might vary
across different river systems.
Here, I examine spatial patterns in the gut microbiome of one mussel species, Amblema
plicata, across multiple river systems, and examine the potential influences of the environment
on the gut microbiome. A. plicata is one of few freshwater mussel species that are not currently
imperiled and is found across a range of environmental conditions and on a variety of substrata
(mud, sand, and gravel; Parmalee et al., 1998; Cummings et al., 1992). As sedimentary
organisms as adults, A. plicata and other freshwater mussels offer a distinct opportunity to study
the processes and factors that shape animal gut microbiome composition within specific
environments. I predicted that gut bacterial communities would differ between sites on a single
river, between rivers in the same river basin, and between river basins, with increasing
dissimilarity in the gut microbiome as distance between sites increases. Further, I expected that
sites with similar physicochemical characteristics would have more similar gut microbiomes as a
result of environmentally dependent recruitment of microbial taxa. My results demonstrate that:
(1) Freshwater mussels have a strong core microbiome that is only minimally influenced by
environmental variation; (2) River basin, river, and local site are all influential on the mussel gut
microbiome, but distance between sites is not correlated with differences in gut microbiome
composition; and (3) Physicochemical conditions do affect the composition of the transient
bacteria in the mussel gut microbiome, even though the core microbiome is largely unaffected.
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II. METHODS

Mussels were collected from nine sites within the Mobile and Tennessee River Basins,
southeastern USA, between July and September 2019. Sites were chosen based on previous
research on mussel biodiversity in this region (Weingarten, et al., 2019, McCauley, et al., 2021,
Sanchez, et al., 2021, Atkinson, et al., 2021). One site was located on the Bogue Chitto River,
and three sites on the Sipsey River, all within the Mobile River Basin. For the Tennessee River
Basin, one site was located on the Duck River, two sites were located on the Bear Creek River,
and two sites were located on the Paint Rock River (Fig. 1; Table 1). Each site corresponded to
approximately 150 m in river distance. Individual mussels were collected from the surface and
subsurface. Mussels were flash frozen with liquid nitrogen, transported on ice, and stored at 80ºC until processed for microbiome analysis. Physicochemical parameters were recorded by
collaborators at the University of Alabama. Water temperature was measured using a Hobo
temperature logger every 15 minutes throughout the study, and pH and dissolved oxygen (μg L-1)
at each site was recorded with handheld devices. Three water chemistry samples were filtered
(0.7 μ pore size) in the field and subsequently analyzed using a Lachat QuickChem FIA +8000
series flow injection analyzer to measure ammonium (μg L-1), nitrite (μg L-1), nitrate (μg L-1),
and dissolved phosphorous (μg L-1) concentrations.
Mussels were partially thawed, and gut tissue was extracted using a sterile scalpel and
scissors. Once extracted, tissue was placed in individual conical microcentrifuge tubes and
5

transported on dry ice to the University of Mississippi and stored at -20ºC prior to DNA
extraction. Gut tissue was cut into approximately 0.2 g pieces, placed in a sterile
microcentrifuge tube and ground with a pellet pestle for 10 seconds. The first solution from a
Powersoil Pro DNA extraction kit (Qiagen, Germantown, MD, USA) was added to the tube and
the tissue was ground for a further 10 seconds. After this procedure, DNA was extracted using a
Powersoil Pro DNA extraction kit following standard procedures. Recovered DNA was
amplified targeting the V4 region of the 16S rRNA gene using dual-indexed barcoding and the
primers and procedures of Kozich et al. (2013). 1 µL of genomic DNA was combined with 1 µL
of each primer and 17 µL of AccuPrime Pfx SuperMix (Life Technologies Corporation,
Carlsbad, CA, USA). PCR amplification consisted of a 95°C hot start for two minutes and 30
cycles of 95°C (20 s), 55°C (15 s), and 72°C (two min), followed by a final elongation step of
72°C (10 min). Amplification products were standardized with SequalPrep Normalization Plates
(Invitrogen Corporation, Carlsbad, CA, USA) and pooled prior to sequencing. The amplified 16S
rRNA gene fragments were sequenced using the Illumina MiSeq platform at the Molecular and
Genomics Core Facility of the University of Mississippi Medical Center (Jackson, MS, USA).
Illumina sequence data (FASTQ files) were processed using mothur (version 1.42.3,
accessed December 2020) following the procedures recommended by Schloss et al. (2009) and
Kozich et al. (2013). Sequences were aligned against the Silva database release 138 and
classified against version 16 of the Ribosomal Database Project (RDP) database. Sequences
identified as chloroplasts, mitochondria, Eukarya, or unclassified at the kingdom level were
removed, as were sequences that were possible chimeras. Samples with <500 sequences were
removed to better obtain estimates of diversity, leaving 58 samples in the final analysis. All
diversity analyses were conducted using operational taxonomic units (OTUs) grouped by 97%
6

similarity and by subsampling (1000 iterations) the number of sequences to that in the lowest
remaining sample (507 sequences). To assess alpha diversity, Shannon’s Index was used to
calculate community evenness, species observed was used for species richness, and the Inverse
Simpson index was used for calculating overall diversity (both richness and evenness). One-way
Analysis of Variance (ANOVAs) was used to determine whether species evenness, richness, and
diversity varied by site. Multivariate analysis of Variance (MANOVA) was used to determine
whether there were significant differences in the relative abundances of major phyla and
abundant genera between sites, rivers, and basins and within rivers and basins.
The abundance-based Bray-Curtis index was used to quantify differences in the bacterial
composition of mussel gut communities. Permutational MANOVA was used to determine
differences in A. plicata microbiome composition between sites, rivers, and basins. Bray-Curtis
dissimilarities were visualized using a non-metric multidimensional scaling (NMDS) ordination
derived using the metaMDS function in the Vegan package (Oksanen, et. al, 2019). Spearman
correlation was preformed to compare physicochemistry and environmental data tables to the
Bray-Curtis dissimilarity matrix. This was calculated using the corr.axes function in mothur.
Spearman correlations assess the relationship between variables and dissimilarity in samples, and
effect sizes > 0.80 were considered large enough to be considered important based on previous
analyses (Weingarten, et al., 2020). Geographical distance between sites was calculated by
measuring the shortest linear distance. Hydrological distance was measuring by tracing the
closest river connection between sites. Correlations between the Bray Curtis matrix and distances
were calculated using Pearson’s correlation. Principal coordinates analysis was used to determine
if bacterial composition was influenced by the physicochemical parameters at each site, river,
and basin. Statistical analyses were preformed using R version 3.6.3. The core microbiomes of
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all samples, basins, rivers, and sites were defined as those taxa present at ≥0.01% relative
abundance in 99% samples of a given subset. Core microbiomes were calculated using the
core_members function in the microbiome package (Lahti, et. al, 2012).
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Fig. 1 Mussels were collected from nine sites across two river basins in the southeastern USA,
the Tennessee River Basin and the Mobile River Basin. Rivers sampled from the Mobile River
Basin were the Sipsey River (three sites) and the Bogue Chitto River (one site). Rivers sampled
from the Tennessee River basin were the Paint Rock River (two sites), Bear Creek (two sites,
within 1 km of each other), and the Duck River (one site).

9

Table 1 Amblema plicata collected from the Tennessee and Mobile River Basins. Samples were
collected between July and September 2019.
Basin

River

Site Number

Mobile

Sipsey
River

Tennessee

Sipsey 1

Individuals
Collected
11

Individuals Retained
after sequencing
4

Sipsey 2

10

8

Sipsey 3

1

1

Bogue
Chitto

Bogue Chitto 1

10

9

Paint Rock

Paint Rock 1

10

10

Paint Rock 2

10

9

Duck River Duck River 1

8

7

Bear Creek

Bear Creek 1

3

3

Bear Creek 2

7

7

70

58

Total
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III. RESULTS

The final sequence count totaled 467,706 bacterial sequences between 58 samples. Five
bacterial phyla composed over 90% of all sequence reads: Planctomycetes (26.2%), Firmicutes
(16.2%), Cyanobacteria (13.8%), Proteobacteria (12.1%) and Fusobacteria (7.6%) with 15.3% of
sequences unclassified (Fig. 2). Relative abundances of some bacterial phyla were significantly
different between river basins (MANOVA). The proportions of Planctomycetes (p<0.001) and
Firmicutes (p<0.01) in the A. plicata gut microbiome were greater in rivers within the Mobile
River Basin, while Cyanobacteria (p<0.001), Proteobacteria (p<0.01), and Verrucomicrobia
(p<0.001) were proportionally more abundant in rivers within the Tennessee River Basin.
Samples from rivers within the same basin were significantly different in relative abundance of
major phyla (MANOVA, p<0.001). Within the Mobile River basin, the rivers differed in
proportions of Planctomycetes (p<0.001), while the rivers within the Tennessee River basin
differed in relative abundance of Firmicutes (p<0.05), Cyanobacteria (p<0.001), Proteobacteria
(p<0.01), and Verrucomicrobia (p=0.001). The Duck River had a significantly higher relative
abundance of Cyanobacteria compared to all other sites (Student’s t-test, p<0.001) and was 23%
higher than the mean of all other sites. Samples from sites within each river were not different
with the exception of Paint Rock River, for which the two sample sites differed in the relative
abundance of Planctomycetes (MANOVA, p<0.001). Within the Proteobacteria, 42.4% of
sequences identified as Alphaproteobacteria, 36.4% as Gammaproteobacteria, 11.6% as
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Betaproteobacteria, and 2.8% as Deltaproteobacteria. The proportions of the different subgroups
of Proteobacteria were significantly different between river basins, with Alphaproteobacteria
(MANOVA, p=0.001) and Gammaproteobacteria (MANOVA, p<0.001) being proportionally
more abundant in the Mobile River Basin samples compared to Tennessee River Basin.
Sequences grouped into 8,576 OTUs with nine OTUs each containing >10,000 and
accounting for over 44% of the total sequences. The most dominant OTU was identified as a
member of family Planctomycetaceae and accounted for 10.9% of sequence reads. The second
most dominant OTU identified as a member of family Fusobacteriaceae (8.1%,) followed by a
member of order Clostridiales (6.9%), and an unclassified bacterium (4.1%). Other dominant
OTUs included a member of class Cyanobacteria (4.0%), another member of Planctomycetaceae
(3.9%), an unclassified bacterium (3.9%), a member of phylum Firmicutes (3.5%) and a member
of genus Methylocystis (3.0%). Relative abundances of major OTUs were significantly different
between sites, rivers, and basins (MANOVA, p<0.001 for all). Basins differed in relative
abundances of OTU 9 (a member of genus Methylocystis), 14 (a member of family
Planctomycetaceae), 25 (a member of genus Aquisphaera), and 27 (Planctomycetaceae) all of
which were proportionally higher in the Mobile River Basin. However, sites within the same
basin did not group together based on the relative abundances of 25 most abundant OTUs (Fig.
3). Rather, gut microbiomes of A. plicata from the Sipsey River separated from those from the
Bogue Chitto in the same river basin, and Bear Creek samples separated from those from the
Paint Rock and Duck Rivers. Within river comparisons showed A. plicata from sites within the
Sipsey River differed in OTU20 (a Clostridiales; MANOVA, p<0.001) and sites within Paint
Rock River differed in OTU1 (a Planctomycetaceae; MANOVA, p<0.01). A. plicata collected
from the two of the three sites within the Sipsey River did group together in terms of dominant
12

OTUs in the gut microbiome, as did those from the two Bear Creek River sites. However, the
Paint Rock River sites grouped together with 3 other sites, and the Paint Rock 1 site was more
similar to the Bogue Chitto in the Mobile River basin (Fig. 3).
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Fig. 2 Major bacterial phyla in the gut microbiome of the freshwater mussel species Amblema
plicata within the Mobile and Tennessee River Basins as determined by Illumina 16S rRNA
gene sequencing. Rivers sampled from the Mobile River Basin were the Sipsey River (three
sites: Sipsey 1, Sipsey 2, and Sipsey 3) and the Bogue Chitto River (one site: Bogue). Rivers
sampled from the Tennessee River basin were the Paint Rock River (two sites: Paint Rock 1 and
Paint Rock 2), Bear Creek (two sites, within 1 km of each other: Bear Creek 1 and Bear Creek
2), and the Duck River (one site: Duck). Stacked bar plots are arranged with the most abundant
phylum overall at the bottom. The eight most abundant phyla are shown. Unclassified bacteria
made up 15.3% of all sequences, and 24 bacterial phyla that were each represented by <0.5% of
sequences were grouped as “other.”
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Fig. 3 Heatmap and dendrogram of the relative abundances of the top 25 OTUs within the gut
microbiome of the freshwater mussel species Amblema plicata within the Mobile and Tennessee
River Basins as determined by Illumina 16S rRNA gene sequencing. Heatmap shows the top 25
OTUs identified past the phylum level. Dendrogram separates sites based on similarities in OTU
relative abundance. OTUs are separated and grouped by those most frequently identified in
samples together. Sites are labeled by basin with (M) representing sites on the Mobile River
Basin and (T) representing sites on the Tennessee River Basin. Color strength represents the
relative abundance of the OTU with red representing a greater relative abundance compared to
other samples and blue a lower relative abundance. Abundances were scaled using Z scores to
improve color visualization.
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A core microbiome analysis showed that eight OTUs were found at an abundance of at least
0.01% in 99% of samples. OTUs 1 (Planctomycetaceae), 2 (Fusobacteriaceae), 7 (unclassified),
9 (Methylocystis), 15 (Rhizobiales), 16 (Planctomycetaceae), 21 (Mycobacterium), and 22
(Enterobacteraceae) were found in all samples, and no other OTUs were found as a core
microbiome within each river basin, river, or site. The sequences that identified as core OTUs
accounted for 10% of all sequences.
Sequence coverage of samples taken from the two river basins was significantly different
(t-test, p<0.05), with Mobile River Basin samples having a mean coverage of 0.87 while
Tennessee River basin samples had a mean of 0.82. However, rarefaction curves did not differ
between basins (data not shown). When comparing diversity indexes, the gut microbiome of
mussels taken from the different rivers were significantly different in their evenness (Shannon,
p<0.001), diversity (Inverse Simpson, p<0.05), and richness (Sobs, p<0.001) (Fig. 4). A. plicata
taken from rivers within the Tennessee River Basin had gut microbiomes with a higher number
of species observed (mean 130 vs. 102, p=0.01) than the Mobile River Basin. Although A,
plicata from different rivers were significantly different in their gut microbiome diversity
overall, pairwise comparisons showed that few river comparisons were significantly different
from each other. Mussels from the Duck River had a significantly lower microbiome evenness
(Shannon) and species observed (Sobs) than mussels from Bear Creek (p<0.01, p=0.01), the
Bogue Chitto River (p=0.01, p=0.01), and the Paint Rock River (p<0.05, p<0.01), but not from
the Sipsey River (p>0.05 for both). A. plicata from the Duck River also had significantly lower
gut microbiome diversity (Inverse Simpson) than those from the Bogue Chitto (p=0.05) and Bear
Creek (p<0.05).
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A Bray Curtis dissimilarity matrix showed distinct separation of the gut microbiomes of
A. plicata based on sites, river, and river basin. The two river basins differed overall in A. plicata
bacterial composition (PERMANOVA, p=0.001), and each river pairwise comparison was
significant, (PERMANOVA, p=0.01 for all) (Fig. 5). 11 of the 36 sites pairwise comparisons
were significant (PERMANOVA, p<0.05 for all), however, only one of these significant
pairwise comparisons was between sites on the same river (Paint Rock 1 and Paint Rock 2). Five
significant site-wise comparisons were between the two river basins, and five were between
rivers within a basin (one in the Mobile River Basin, four in the Tennessee River Basin). While
A. plicata from the different river basins differed in their gut microbial communities, samples
from the Mobile River Basin clustered more strongly together than those from the Tennessee
River Basin (Fig 5). Overall, site, river and river basin had a significant effect on the mussel gut
microbiome, but the effect of site and river was much more evident in NMDS clustering (Fig. 5).
Distance between sites was not related to A. plicata gut community similarity and a linear
regression showed no correlation between distances in the Bray Curtis matrix and shortest
geographical distance or hydrological distance (Pearson’s Correlation, Fig. 6).
No specific OTUs were significant in separating mussel samples from each other. Sites
significantly differed in their physicochemistry (Table 2, MANOVA, p<0.001). The two river
basins differed in temperature (p<0.01) which was higher in the Mobile River Basin, and nitrite
(p<0.01) and nitrate (p<0.001), which were higher in the Tennessee River Basin. Within the
Mobile River Basin, temperature (p<0.05), pH (p<0.01), ammonium (p<0.05), nitrate (p<0.05),
and dissolved phosphate (p<0.001) were significantly different between rivers. Within the
Tennessee River Basin, temperature (p<0.05), pH (p<0.001), ammonium (p<0.001), nitrate
(p<0.05), and dissolved phosphate (p<0.001) were different between rivers. Dissolved phosphate
17

concentrations in the Duck River were significantly higher than any other river (Student’s t-test,
p<0.001), and this river also had significantly higher nitrate than the other rivers (Student’s t-test,
p<0.01). Environmental variables were averaged and fit onto the NMDS plot using the Envfit
function of ggplot to see what variables were correlated with the A. plicata gut community.
Temperature (p<0.01), pH (p=0.001), dissolved oxygen (p<0.01), ammonium (p<0.05), nitrate
(p<0.01), and dissolved phosphate (p=0.001) were all significant in separating communities on
the NMDS (Fig 5). Temperature correlated with Bogue Chitto samples while dissolved
phosphate correlated with the Duck River. Nitrate and pH were correlated with Paint Rock 1
samples, and ammonium was correlated with Paint Rock 2. Dissolved oxygen was correlated
with Sipsey 1 samples.
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Fig. 4 Shannon evenness, inverse Simpson diversity, and observed species richness of the gut
microbiome of freshwater mussel Amblema plicata from rivers within the Mobile and Tennessee
River Basins as determined by Illumina 16S rRNA gene sequencing. The Bogue Chitto River
(Bogue) the Sipsey River (Sipsey) are in the Mobile River Basin. Bear Creek, the Duck River
(Duck), and the Paint Rock River (Paint Rock) are in the Tennessee River Basin. Basins were
significantly different in species observed (p=0.01). The Duck River had the lowest richness than
any other river and was significantly different than a majority of rivers in multiple diversity
indexes. Brackets are included to show significant river comparisons with asterisks representing
significance (* signifies p<0.05, ** signifies p<0.01, *** signifies p<0.001). Error bars represent
the standard error of the samples collected at each site. Points represent outliers in the data. Mean
and first and third quartile are shown in each box. Brackets Sample counts for each river are:
Bogue (n=9), Sipsey 1 (n=4), Sipsey 2 (n=8), Sipsey 3 (n=1), Bear Creek 1 (n=3), Bear Creek 2
(n=7), Duck 1 (n=7), Paint Rock 1 (n=10), Paint Rock 2 (n=9).
19

Fig. 5 NMDS ordinations of 16S rRNA bacterial microbiome communities collected from the
gut of the freshwater mussel species Amblema plicata collected from within the Mobile and
Tennessee River Basins. Site is shown by color and basin is shown by shape and shades of color,
with the Bogue Chitto River (Bogue) and the Sipsey River (Sipsey) in the Mobile River Basin
(yellow/brown colors), and Bear Creek, the Duck River (Duck), and the Paint Rock River (Paint
Rock) in the Tennessee River Basin (blue colors). Arrows represent physicochemical variables
significantly correlated with samples (p<0.05). Length of arrows represents magnitude of
correlation and is scaled to .5 to better show sample distance.
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Fig. 6 Pearson correlations between geographical distance (km) and NMDS distance (A), and
hydrological distance (km) and NMDS distance (B) of gut microbiomes of the freshwater mussel
Amblema plicata collected from rivers within the Mobile and Tennessee River Basins. Neither
correlation was significant. Gray shaded area shows standard error of the correlation.
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Table 2 Means (and SE where appropriate) of physicochemical variables taken at each site. Data
was collected from nine sites across two river basins in the southeastern USA, the Tennessee
River Basin and the Mobile River Basin. Rivers sampled from the Mobile River Basin were the
Sipsey River (three sites) and the Bogue Chitto River (one site). Rivers sampled from the
Tennessee River basin were the Paint Rock River (two sites), Bear Creek (two sites, within 1 km
of each other), and the Duck River (one site). Water temperature (°C), pH, and dissolved oxygen
(μg L-1) at each site was recorded. Three water chemistry samples were field filtered (0.7 μ pore
size) and the filtrate analyzed for ammonium (μg L-1), nitrite (μg L-1), nitrate (μg L-1), and
dissolved phosphate (μg L-1) concentrations. Letters represent statistical differences using Tukey
post-hoc tests.

Basin
Mobile

Site
Temp. pH DO NH4+
NO2NO3PO43Bogue Chitto
15.9 ±
1
abd
ab
b
26.5 7.2 6.2 20.3 ± 2.5
3.0 ± 0.9
29 ± 1.0
0.5b
Sipsey 1
26.3 7.2 6.9 11.9 ± 1.4ac 3.1 ± 0.5ab 138 ± 22.2abd 5.8 ± 0.6a
Sipsey 2
26.5 7.2 6.3 15.7 ± 2.2abc 1.9 ± 0.5b 108 ± 18.3bd 5.0 ± 0.0a
Sipsey 3
26.1 7.2 6.4 16.1 ± 0.9abc 2.8 ± 0.6b

266 ± 11.4ad 6.7 ± 0.1a

25 6.7 6.5 18.0 ± 1.7abc 3.3 ± 0.6ab

283 ± 31.2ad 7.8 ± 0.1a

Bear Creek 1
Tennessee
Bear Creek 2
24.9 7.0 6.4 18.2 ± 1.5abc

8.1 ± 2.2a

336 ± 9.3a 6.3 ± 0.4a

24.1 7.5 5.8 23.3 ± 0.7bd 6.6 ± 1.2ab

737 ± 53.1c 6.8 ± 0.1a

23.1 7.7 6.9

26.9 ± 1.6d 4.0 ± 0.5ab

311 ± 32.6ab 5.8 ± 0.2a

26.13 7.8 6.8

11.7 ± 2.2c 3.8 ± 1.1ab

719 ± 108.0c

Paint Rock 1
Paint Rock 2
Duck River 1
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102.9 ±
3.9c

IV. DISCUSSION

This study shows that the gut microbiome of a freshwater mussel species, A. plicata,
differs in composition between different river basins within the same region and between rivers
within a particular river basin. Despite these differences, all individuals of A. plicata that I
sampled had gut communities dominated by the same bacterial phyla, Firmicutes and
Proteobacteria, which have also been found to be dominant in the guts of other bivalves
(Murphy, et al., 2019, McCauley, et al., 2021) and freshwater fish (Liu, et al. 2016). However,
the gut microbiome of the freshwater mussel Villosa nebulosa was reportedly dominated by
Tenericutes, particularly genus Mycoplasma (Aceves, et al., 2018), showing that different
microbial communities may exist within the gut of other freshwater mussels. The most common
phyla in the gut microbiome of A. plicata matched those found from prior research on members
of family Unionidae in the same region, with differences only in their relative abundances
(Weingarten, et al., 2019). One exception is that the prior study, as well as a study on marine
bivalves (Neu, et al., 2021), found Bacteroidetes to account for a high proportion of the bivalve
gut microbiome, but Bacteroidetes was only a minor phylum in A. plicata, accounting for just
over 1% of the sequences obtained. Similarly, while the A. plicata gut community had relatively
high proportions of Proteobacteria compared to other phyla, Proteobacteria were not as dominant
as reported in other studies of bivalves (Olafsen, et al., 1993, Cao, et al. 2009, Thomas, et al.,
2014). Only two bacterial phyla were significantly different in their relative abundance between
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the two river basins; Firmicutes were in greater relative abundance in the Mobile River Basin,
and Verrucomicrobia were proportionally more abundant in the Tennessee River Basin. This was
largely driven by sample site Sipsey River 3, which had a much larger proportion of Firmicutes
compared to all other sites. Only one individual of A. plicata was collected from that site, so this
unusual level of Firmicutes could represent stochastic individual-to-individual variation rather
than an ecological pattern.
Spatial patterns in gut microbiome composition have been suggested from studies on
oysters (King, et al., 2012, Trabel et al., 2012, Ossai, et al., 2017) but whether such differences
reflect biogeographic patterns on variation in local environmental conditions is unclear. Mussels
are dispersed through the release of their larvae into the water column so that hydrological
distance is more likely to represent the distance between sample sites. Sites in the Mobile River
Basin were closer in hydrological distance than those in the Tennessee River Basin, which
suggests that there could be less site-to-site variation in A. plicata microbiome composition in
that basin. That was not the case, and these results show that neither hydrological distance nor
geographical distance between sites correlated with similarity in the gut microbiomes, beyond
sites in the same river tending to be more similar in microbiome composition. Weingarten, et al.
(2019) also found that mussels sampled from sites closer together on the same river were no
more likely to have more similar gut microbiomes than those sampled from sites further apart.
A more likely explanation is that similarities in local site physicochemistry drive gut
microbiome similarity. Higher concentrations of dissolved nitrate and phosphate, as well as
higher pH, were associated with sites in the Tennessee River Basin. Dissolved phosphate
concentration was highest in the Duck River, while other rivers in the Tennessee River Basin had
phosphate concentrations more similar to those in the Mobile River Basin. The Duck River also
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had higher levels of nitrate than any other river, and the gut microbiomes of A. plicata sampled
from that river were among the least diverse of those sampled. High nutrient levels here are
consistent with eutrophic conditions. A stream is viewed as eutrophic if the concentration of
phosphorus in water is greater than 100 µgL-1 (US EPA, 2000; Correll, 1998). Other indicators
of eutrophic sites include high nitrogen levels and low dissolved oxygen, consistent with
conditions in the Duck River. The upper Tennessee River Basin is located in more agricultural
areas compared to the other sites and has been associated with higher agricultural runoff
(Hampson, et al., 2000). Cyanobacterial blooms were not evident at the sample site on the Duck
River, however the relative abundance of Cyanobacteria in the gut microbiome was highest in
mussels collected here, and an OTU identified as a cyanobacterium was in higher relative
abundance compared to mussels from other rivers. Cyanobacteria are often associated with high
levels nitrogen and can have strong chemical and biological impacts on freshwater ecosystems
(Eiler, et al., 2004). Eiler, et al. (2014) found that in areas with high levels of Cyanobacteria,
there were low numbers of Verrucomicrobia, and the mussels collected from the Duck River also
showed lower relative abundance of Verrucomicrobia compared to other rivers. Given that
cyanobacteria are unlikely to grow and thrive within the gut environment, these likely reflect
transient bacteria acquired during filter-feeding. The Duck River samples could be what is
driving the differences between the Tennessee River Basin samples and those from the Mobile
River Basin, however, A. plicata from the Duck River still grouped with those from other sites
within the Tennessee River Basin in terms of gut microbiome composition and were not
significantly different from other A. plicata collected within the basin.
Previous studies identified OTUs important in driving differences in microbiome
communities between mussel species and between individuals collected from different sites. This
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study found no OTUs that strongly correlated with the separation of samples based on site, river,
or river basin. Rather, there was a core microbiome that was shared between all A. plicata
individuals regardless of sample site. This core microbiome included members of the
Plancomycetaceae, Fusobacteriaceae, Methylocystis, Rhizobiales, Mycobacterium, and
Enterobacteraceae, all of which have been reported as members of the bivalve gut microbiome in
other studies (Wegner et al., 2013, King et al. 2015). 16S rRNA gene sequences identified as
Methylocystis and Rhizobiales have been specifically identified as being members of the core
microbiome of other Unionid mussels (Obovaria unicolor and Cyclonaias asperata; Weingarten
et al. 2019). This putative core microbiome of A. plicata accounted for approximately a tenth of
the identified sequences, with the remaining percentage to be potentially site, river, or basin
specific. However, none of the more abundant OTUs were limited to mussels from just one site,
river, or river basin, and no site, river, or river basin had elevated levels of an OTU that was
otherwise poorly represented in the entire dataset. This suggests that it is the less common and
rarer OTUs that account for the differences between samples, many of which may be transient
bacteria acquired by mussels as they filter-feed from the water column. Variation in the
physicochemical conditions of the local environment likely exerts its effect on gut microbiome
composition through changes in these transient bacteria, rather than the core microbiome.
In conclusion, even though individual mussels collected from nine sites within five rivers,
and across two river basins had different gut microbiome composition and diversity, there was a
strong evidence of an A. plicata core microbiome. Differences in microbiome composition
between individuals, especially those collected from rivers or sites that differed in their
physicochemistry, therefore likely reflect transient bacteria taken in from the environment during
the feeding process. These transient bacteria can be abundant in Unionid mussel gut communities
26

and may contribute noise to diversity analyses, potentially accounting for differences in richness
and evenness between individuals collected from different locations. How long these transient
bacteria remain in the gut is unknown, as is whether they make any contribution to gut
microbiome function. Therefore, it is important to consider both core microbiota and transient
when studying structure and composition of microbiomes.
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